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In recent times, biotechnological applications of microbial lipases in synthesis
of many organic molecules have rapidly increased in non-aqueous media. Microbial
lipases are the ‘working horses' in biocatalysis and have been extensively studied
when their exceptionally high stability in non-aqueous media has been discovered.
Stability of lipases in organic solvents makes them commercially feasibile in the enzy-
matic esterification reactions. Their stability is affected by temperature, reaction me-
dium, water concentration and by the biocatalyst’s preparation. An optimization pro-
cess for ester synthesis from pilot scale to industrial scale in the reaction medium is
discussed. The water released during the esterification process can be controlled over a
wide range and has a profound effect on the activity of the lipases. Approaches to
lipase catalysis like protein engineering, directed evolution and metagenome approach
were studied. This review reports the recent development in the field of non-aqueous
microbial lipase catalysis and factors controlling the esterification/ transesterification
processes in organic media.
Keywords: microbial lipase, nonaqueous media, lipase stability, lipase modi-
fications, ester synthesis and advances in lipase catalysis
Introduction
Lipases (triacylglycerol acylhydrolase, EC 3.1.1.3) catalyzed esterification
as well as transesterification reactions in nonaqueous media. The application of
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microbial lipases in ester synthesis is one of the most exciting facets of biotechnol-
ogy industry in the present scenario [1–5]. At present, many esters are industrially
manufactured by chemical methods. Chemical methods involve high temperature
or high pressure; therefore it is difficult to esterify unstable substances, like ascor-
bic acid, polyols and polyunsaturated fatty acids (PUFAs). Further, the region-
specific acylation of polyols requires protection and deprotection steps [6]. These
steps cause a rise in manufacturing costs. The reagents used in synthesis of food-
grade esters are limited. Therefore natural esters, such as those derived from
sperm whale oil, carnauba wax and jojoba oil, were proposed. These oils are, how-
ever, expensive and not readily available in large amounts. Thus, it is economi-
cally important to develop more suitable biocatalytic methods for the production
of such esters from cheaper and were readily available raw materials.
Lipase catalyzed condensations were used to overcome many of these
drawbacks. They have advantages like mild reaction conditions, one step synthe-
sis without protection and deprotection steps and easy application to food process-
ing. A lipase catalyzes a reversible reaction and the direction and equilibrium of
the reaction are determined by the activities of the substrates and products, tem-
perature, and pressure. Although an enzyme-catalyzed reaction is usually per-
formed in an aqueous medium, hydrolysis causes the production of desired prod-
uct to fail when a lipase-catalyzed reaction is attempted in an aqueous solution.
Thus, reduction of the amount of water in the reaction system would be desirable
for the improvement of conversion through the condensation reaction. Some li-
pases have catalytic activity even in the presence of little or small amount of water
[7]. For this reason, lipase-catalyzed condensation in non-aqueous medium and
ionic liquids has attracted much attention [4, 8].
Lipase-catalyzed condensation in an organic solvent is useful for the syn-
theses of a variety of esters. Ester synthesis catalyzed by a lipase was first de-
scribed by Inada et al. [9]. A variety of fatty acid esters are now being produced
commercially using immobilized lipase in nonaqueous solvents [3, 5, 10, 11].
Fatty acid esters of carbohydrates, hydroxy acids and flavonoids have gained re-
cent interest because of their broader use in biotechnological industry [12–17].
The interest in industrial processes employing lipase biocatalysts to synthesize
more such esters is still growing due to their important and multiple applications
in diverse technologies (Table I).
Lipase-catalyzed transesterification is another alternate process to synthe-
size esters [47, 48]. Transesterification involves the exchange of acyl groups be-
tween an ester and an acid (acidolysis), an ester and an alcohol (alcoholysis), two
esters, and an ester (interesterifications or ester-ester interchange), or an ester and
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an amine (aminolysis). The lipase catalysed transesterification in organic solvents
is an emerging industrial application exploited in the production of a cocoa butter
equivalent, human milk fat substitute “Betapol”, pharmaceutically important
polyunsaturated fatty acids rich/ low calorie lipids, designers fats or lipids and
production of biodiesel from vegetable oils [5, 35]. The conversion in the
transesterification using other esters, as substrate is also generally high compared
to that in the condensation reaction. The problem of water encountered in direct
esterification is eliminated in transesterification reactions [38, 49–55].
Lipase behavior/ properties in organic solvents
There are several media for lipase catalysed esterification reaction [56–58].
Nonaqueous media have many advantages (Table II) like better solubility of sub-
strates and product; shifting of thermodynamic equilibria; simpler removal of sol-
vent (most organic solvents have lower boiling point than water); reduction in wa-
ter-dependent side reactions such as hydrolysis of acid anhydrides or polymeriza-
tion of quinines; removal of enzyme after reaction since it is not dissolved; better
thermal stability of enzymes since water is required to inactivate the enzymes at
high temperatures; elimination of microbial contamination; potential of enzymes
to be used directly in a chemical process [2, 44, 59–62].
Nature and characteristics of lipase structure in organic solvents
In nature, lipases are found to be active at the oil-water interface. In vitro,
they are found to be active in aqueous as well as in anhydrous organic solvents. Li-
pases are hydrophobic proteins acting on carboxylic acid esters, such as glyceride
lipids at the interface between an aqueous and an oil phase. Activation of lipases at
interfaces [44, 63] manifests as pronounced activity increasing on substrate aggre-
gation (i.e., over the substrate-critical micelle concentration/solubility limit). The
interfacial activation was hypothesized to be due to a conformational change re-
sulting from the adsorption of the lipases onto a hydrophobic interface [64]. X-ray
crystallographic structural studies of several lipases have supported this hypothe-
sis [65, 66].
The three-dimensional structures of lipases from various microbial sources
like Mucor miehei [67], Geotrichum candidum [68], Candida rugosa [69] and
Chromobacterium viscosum [70] were studied using x-ray crystallography. The
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parts of lipases that are conserved may be important for their structural integrity
and/or activity and/or specificity. Sequences of several lipases showed a large area
of sequence identity in the proximity of the active-site serine residue [71]. The
various available databases like Lipase Engineering Database (LED;
http://www.led.uni-stuttgart.de) provide information on sequence-structure-func-
tion relationships of microbial lipases and homologous serine hydrolases [72].
The three-dimensional structures of microbial lipases were studied to un-
derstand the catalytic mechanism of lipase-mediated reactions. The main struc-
tural characteristics of microbial lipases include an a/b hydrolase fold, a catalytic
triad consisting of a nucleophilic serine located in a highly conserved
Gly-X-Ser-X-Gly pentapeptide, and an aspartate or glutamate residue that is hy-
drogen bonded to a histidine. Four substrate binding pockets were identified for
triglycerides: an oxyanion hole and three pockets accommodating the fatty acids
bound at positions sn-1, sn-2, and sn-3. The differences in size and the
hydrophilicity/hydrophobicity of these pockets determine the enantiopreference
of a lipase. The understanding of structure-function relationships will enable re-
searchers to tailor new lipases for biotechnological applications [73].
Mechanism for lipase catalysis
The mechanism of lipase-catalyzed esterification involves two tetrahedral
intermediates (Fig. 1). The first tetrahedral intermediate is formed by nucleophilic
attack of active site serine residue of the catalytic triad on the substrate i.e., acid.
The intermediate loses a water molecule to give an acyl-enzyme complex. Nucleo-
philic attack by an alcohol causes the addition of a hydroxyl group to the carboxyl
group, producing another tetrahedral intermediate, which will rearrange, releasing
the ester molecule and regenerating the active site serine of lipase. Both of the tet-
rahedral intermediates possess an oxyanion that is stabilized by hydrogen bonds to
protein atoms of the oxyanion hole [45, 73, 74].
Lipase stability in organic media
The stability of lipases in organic solvents is strongly dependent and influ-
enced by the solvent properties. Lipases, being activated by interfaces, however,
show lower catalytic rates in homogeneous aqueous solutions than in the presence
of interfaces e.g., water-organic solvent interface [75]. Typically, the lipase is dis-
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solved in the aqueous phase and the substrate is dissolved in a water-immiscible
organic solvent [59, 76]. Vigorous mixing of the two phases forms a suspension
with a significantly large interfacial area.
Lipases are solubilized in discrete hydrated reverse micelles, formed by
surfactants, within a continuous phase of a nonpolar organic solvent system. Un-
der appropriate conditions, a reverse micellar solution is homogeneous, thermo-
dynamically stable, and optically transparent [77, 78]. Solid enzyme preparations
(lyophilized or adsorbed on an inert support) are suspended in organic solvent [79,
80]. Most lipases are known to be active and stable in anhydrous organic solvents.
Several covalent modifications as well as noncovalent modification techniques
have been developed for solubilization of lipases in organic solvents [81]. The bi-
ological origin of lipase, nature of the reaction to be carried out (hydrolysis or
esterification), the substrates used, and so forth determine which solvent system
will be the most suitable one. The cost of downstream processing is also a direct
function of the solvent system and the impurities present.
Solubilization of lipases in organic solvents
Lipases are insoluble in organic solvents in their native form. Solubilized
lipases have higher activities (as compared to the insoluble ones) as well as their
optical transparency allows to perform theier structural characterization by spec-
troscopic techniques [82]. Two types of methods namely covalent and non-
covalent modifications are in common use for lipase solubilization. Covalent
modifications are achieved by using chemical modifiers like polyethylene glycol
(PEG), poly N-vinylpyrrolidone, polystyrene and polymethyl methacrylate [83,
84]. Such chemical modifications greatly affect the activity, stability and selectiv-
ity of the enzyme [85, 86].
Noncovalent modification of lipases has essentially been restricted to coat-
ing the lipase molecule with different surfactants. Dissolution of the lipase and the
surfactant in aqueous solution are the most widely applied techniques [87–90].
This enzyme-surfactant complex, which precipitates from the aqueous solution,
can be dissolved in a variety of organic solvents. The solubilized lipase has shown
greater catalytic activities than dry lipase preparations. Another related technique
involves preparation of water-in-oil emulsions (or reverse micelles) containing
lipase and then drying out the water from the emulsion phase that yields a
lipase-surfactant complex, which is soluble and highly active in organic solvents
[91, 92].
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Molecular imprinting of lipase
One of the most successful strategies for enhancing lipase activity in or-
ganic solvents involves tuning the lipase active site by molecular imprinting with
substrates or their analogues. Enzymes prepared from an aqueous/buffer solution
via lyophilization results in undesirable changes in the protein's secondary struc-
ture, which could lead to denaturation of the active sites. The addition of specific
small molecules (excipients) in the freeze-drying stage often improves catalytic
activity of lipases. This formed the basis of molecular imprinting that involves for-
mation of a complex between a macromolecule and a low-molecular-weight
ligand in solution, followed by drying and washing with a selective solvent that ef-
fectively removes the ligand. The protein retains the ligand-induced conformation
even after the removal of the ligand [93–97].
It is well known that lipases undergo interfacial activation, involving open-
ing of a helical lid covering the active site when exposed to a water-oil interface
[66, 98]. A helical lid covering the active site may remain predominantly closed in
organic solvents thus contributing to lower enzymatic activity [75]. An exciting
possibility of “trapping” the enzyme in an active form by lyophilizing the enzyme
bound to an amphiphile-water interface has been demonstrated [99–101]. Such in-
terfacial-activation-based molecular imprinting of lipases resulted in a catalyst
that was significantly more active (up to 70-fold) than the non-imprinted
counterpart.
Medium engineering of lipases in organic solvents
Lipases in nonaqueous systems can be active provided the essential water
layer around them is not stripped off. Medium engineering for biocatalysis in
nonaqueous media involves the modification of the immediate vicinity of the
biocatalyst [102–104]. Nonpolar solvents are better than polar ones since they
provide a better microenvironment for the lipase. If the enzyme’s microenviron-
ment favours high substrate and low product solubility, the reaction rates would be
high. Several aspects have to be considered in choosing an appropriate solvent for
a given reaction. These include compatibility with the selected reaction (sub-
strates and products), inertness, low density to minimize mass transfer limitations,
and other properties that are suitable (e.g. surface tension, toxicity, flammability,
waste disposal and cost). Rates of enzymatic reactions in organic media are
greatly dependent on the method of enzyme preparation [91, 105].
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Lipase modifications in organic solvents
In view of the current high cost of lipases, the possibility of regenerating
and reusing the enzyme would obviously be an attractive feature for large-scale
syntheses. Immobilization tends to protect the enzyme to some extent from sol-
vent denaturation as well as maintaining the enzyme’s homogeneity in the reac-
tion media since it avoids aggregation of enzyme particles and confinement.
Lipases have been immobilized by adsorption, entrapment in membrane
network, cross-linking, adsorption followed by cross-linking or covalent attach-
ment [106]. By taking advantage of the ‘interfacial' hydrophobicity, immobiliza-
tion of lipases has been performed by adsorption on hydrophobic adsorbents, in-
cluding glass beads coated with hydrophobic materials, methylated silica,
phenyl-Sepharose, poly-(ethylene glycol)-Sepharose, polypropylene particles,
polypropylene hollow fibers and non-woven fabric, etc. Physical entrapment has
been employed in many commercial carriers, e.g., controlled pore silica, natural/
synthetic polymers, hollow fibber, activated charcoal, aluminum oxide and celite
[107].
Because of the current high cost of some available commercial support ma-
trixes, the possibility of using inexpensive supports for lipase immobilization such
as rice husk [108], CaCO3 powder [109], grafted hydrogels [110–113] and acti-
vated silica/celite [114] has also been considered (Table III). Although adsorption
seems to be a promising technique for lipase recovery, the adsorbents are either
expensive or not easily accessible. Desorption usually involves usage of a solution
containing chaotropic agents or detergents, which leads to a complexity in subse-
quent processing steps and adds to environmental burden. Therefore, synthetic
matrices of specific characteristics provide better lipase immobilization in a single
step process.
A variety of hydrogels based upon starch, polyacrylamide, acrylic acid etc.
are commercially available. These cross-linked hydrophilic polymers capable of
imbibing large volumes of waters, and are yet insoluble because of their network
structures, crystalline regions [131, 132]. Since they absorb large amounts of wa-
ter that promotes the esterification reaction in forward direction, this makes them
an interesting material for lipase immobilization [113, 133]. The search for newer
inexpensive support(s) has also led to synthesis and selection of some synthetic/
grafted polymer networks, which can be recognized as surface-active supports by
lipases at the molecular level. Recent application of such surface-active matrices
(hydrogel) has witnessed multifold usage of lipases.
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Process optimization for esters synthesis
Biochemical processes were designed to transform reactant(s) into prod-
uct(s) that satisfy a number of preset specifications (support material, solvent sys-
tem and enzyme selectivity etc.) within limited time frames. However, due to ei-
ther thermodynamic and/or kinetic limitations, the final yield and purity are often
poor. The parameters like solvent and water are needed to regulate the lipase me-
diated catalysis in organic solvent medium.
Effect of solvents on ester synthesis
Solvent selection is a very important factor for the successful application of
the lipase catalysis in esterification reactions. Lipase-catalyzed esterification reac-
tions are not independent of nature of solvent [134–136]. The lipase activity, mea-
sured as the initial rate of the esterification reaction, is best correlated as a function
of n-octanol-water partition coefficient (Log P); electron pair acceptance index or
the polarizability [137, 138]. A good correlation was found between the ester mole
fraction at equilibrium and log P of the solvent. The results have been attributed to
the significant difference in polarity of the substrates and products, which often
gave rise to dramatic differences in their relative thermodynamic activities in vari-
ous solvents [139]. There has been much interest in the development of rules to
predict the effects of various solvents on the biocatalyst [137]. When log P < 2,
distortion of water structure occurs; if 2 < log P < 4, the effect of solvent is unpre-
dictable and if log P > 4, water structure is intact.
Rates of esterification reaction catalyzed by lipases are greater in hydro-
phobic solvents than in hydrophilic ones [140–143]. The choice of solvent affects
the thermodynamic activity coefficient of the substrate, or the ground-state free
energy of the substrate. The activation energy barrier is bound to be different in
various solvents due to the differences in the ground-state free energy [144]. The
solvent greatly affects the hydration state of the enzyme and, in turn, its ability to
interact with the substrate, or its intrinsic activity [145]. The rates of enzymatic re-
actions in anhydrous organic solvents could be increased significantly by the addi-
tion of denaturing cosolvents such as methyl sulfoxide or formamide [146].
Water-miscible solvents viz., acetone, acetonitrile, t-butyl alcohol and wa-
ter-immiscible solvents viz., hexane, ethers, chloroform, and toluene have been
used in lipase-catalyzed condensations. Water-miscible solvents can solubilize
hydrophilic substrates such as saccharides to a certain degree without the addition
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of solubilizing reagents thereby facilitating the esterification of the hydrophilic
substrates [6, 147–149]. They may, however, remove water from a lipase mole-
cule, which is essential for its catalytic activity [150], and this removal may deac-
tivate the lipase. For this reason, lipases available for condensation in water-im-
miscible solvents are mostly commonly used compared to water miscible sol-
vents.
Effect of substrate chemistry on ester synthesis
Lipases prefer straight-chain acids as substrates to branched ones [151,
152]. The position of the branching has an effect on the reaction rate(s). The effect
of branching diminishes as the substituent is shifted further away from the
carboxylic group. Unsaturated acids have shown lower enzymatic activity com-
pared to the corresponding saturated acids with the a-double bond being more del-
eterious than a double bond at the b-position [152]. Similarly, primary alcohols
are preferred over secondary ones, whereas tertiary alcohols are not accepted as
substrates by the majority of lipases [56, 153].
Lipases show remarkable regioselectivity or selectivity based on molecular
position of the functional group. It becomes extremely important in the synthesis
of esters especially sugar and their derivatives. Sugars contain multiple hydroxyl
groups, all of which are capable of being acylated by acidic moieties. Lipases are
known to regio-selectively acylate monosaccharides as well as disaccharides in
organic solvents [154–159]. The regioselectivity was found to be strongly de-
pendent on the source of the lipase [160]; type of the substrate chemistry i.e., the
acylating agents [161, 162]; solvent [163, 164], as well as level of hydration [165].
Effect of water produced in lipase catalysis esterification
The degree of solvent hydration has a profound effect on lipase catalysis in
anhydrous organic solvents. Water activity affects the intrinsic activity of lipases
as well as it acts as a competitive nucleophile [166, 167]. Water activity is a
measureme of the energy status of the water in a system. It is defined as the vapor
pressure of water divided by that of pure water at the same temperature Water ac-
tivity values are obtained by either a capacitance or a dew point hygrometer. In
esterification reactions, the water content affects the rate of reaction as well as the
equilibrium position [168, 169]. The monolayer of water molecules around the en-
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zyme molecule is essential for activity. Enzymatic activity increases very rapidly
with the addition of small amounts of water to the organic media [79, 80].
The enzymatic activity in anhydrous solvents may be correlated to the ther-
modynamic activity (aw) rather than to the concentration of water [170, 171]. This
is readily seen from the effect of water content on catalytic activity of lipase. The
lipase showed a similar optimum at thermodynamic water activity of about 0.55
when used in solvents ranging from hexane to pentanone. The optimum varied
widely in terms of total water content. Water activity fails to predict the critical
hydration level for enzyme activity in polar organic solvents [172]. Thus, enzy-
matic activity can be correlated with water activity (aw) only for water-immiscible
organic solvents. Lipases from different microbial sources show widely varying
optimum aw ranging from 0.3 to 1.0 [166]. The optimum aw also depends on the
type of support used for immobilization for a given lipase in a given solvent. The
reaction rates for lipase catalysis in organic media show a similar dependence on
water activity irrespective of the support used [173]. Thus, the optimum water re-
quirement is dictated by the biological source of the enzyme, the organic solvent
and the type of support used.
Water control in lipase catalysis esterification reaction
It is pertinent to perform lipase catalysis in organic solvents at an optimal
hydration level. Salt hydrates, pervaporation, saturated salt solutions and molecu-
lar sieves check the control of water content during lipase catalysis in organic
solvents.
Salt hydrates maintain the water activity (aw) of the organic systems used
for reverse hydrolysis reactions by undergoing transition between their various
states of hydration [174–176]. Similarly, other salt hydrate pairs can be chosen to
maintain the thermodynamic water activity at the desired level.
The esterification reaction can be carried out in a membrane reactor with
the reaction mixture on one side of the membrane and air, used as an extractive
medium for water removal, on the other side [177]. Selective pervaporation of the
reaction water through the membrane was achieved by using a suitable membrane
[178]. The air re-circulated through the reactor condensed out the permeated wa-
ter. Water-activity control can be achieved by controlling the temperature of the
condenser. This method effectively esterified oleic acid with n-butanol in the pres-
ence of Lipozyme in isooctane using the cellulose acetate membrane [179]. A
modification of this technique employed a hollow-fiber membrane reactor with
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reaction mixture on the lumen side and controlled humidity air on the shell side
[180].
Saturated salt solutions have a fixed thermodynamic activity at a given
temperature. Water activity in an organic solvent can be adjusted by equilibrating
with a saturated salt solution via vapor-phase equilibria [181, 182]. Water-produc-
ing or water-consuming reactions can be performed in chambers of controlled wa-
ter activity using these saturated salt solutions [182]. Such systems have limita-
tions on the rate of transfer of water and hence are not suitable for fast reactions. A
method has been developed where water activity is controlled by circulation of a
saturated salt solution through silicone tubing that is submerged in the reaction
medium [183, 184]. The silicone membranes are permeable to water vapors and
impermeable to ions. Thus, water and organic substances are only transferred
through them. Mass-transfer properties for different types of silicone tubing have
been characterized for a water-activity-controlling system in organic solvents us-
ing saturated salt solutions [185]. A modification of this technique-involved circu-
lation of a saturated salt solution through microporous hollow-fiber polypro-
pylene membranes while the reaction medium is circulated on the shell side [186].
Water formed by condensation exists in fluid and acts as a substrate for the
hydrolysis reaction when the reaction is performed in a water miscible solvent
[187, 188]. Therefore, elimination of water by desiccant/molecular sieves/ silica
gel is quite effective for increasing the conversion in lipase-catalyzed condensa-
tion reaction [6, 189–191]. The quantitative relationship between the equilibrium
conversion and the concentration of molecular sieves was discussed using adsorp-
tion isotherm of water onto molecular sieves, the apparent reaction constant, the
solubility of a hydrophilic substrate in the solvent and the mass balance equation
in terms of water were taken into consideration to obtain the criterion. Although
the addition of a molecular sieve or silica gel usually improves the equilibrium
conversion in many cases, little effect or negative effects were also reported such
as the formation of diesters and the degradation of unstable substrates [188, 191].
Therefore, an appropriate combination of solvent and the amount of desiccant
should exist for improvement of the equilibrium conversion in a lipase-catalyzed
condensation.
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Advances in catalysis by lipases in organic solvents
Protein engineering
Rational protein engineering through mutagenesis and directed evolution
has provided a new and valuable tool for improving or adapting enzyme properties
to the desired requirements. The upcoming trend to access a novel natural se-
quenced space, via the direct cloning of metagenomic DNA, is significantly con-
tributing to the screening and identification of hitherto unexplored microbial con-
sortia for valuable biocatalysts. Thus, the modern methods of genetic engineering
combined with an increasing knowledge of structure and function are allowing
further adaptation to industrial needs and exploration of novel applications.
Directed evolution of lipase
Directed evolution was used to lipase properties like the modification of
stability, activity and specificity. Directed evolution in combination with appro-
priate screening systems will be used extensively as a novel approach to develop
lipases with high stability and enantioselectivity. It was used for the creation of
enantioselective catalysts for organic synthesis in the field of lipase research.
Pseudomonas aeruginosa lipase was made to evolve towards a model substrate,
2-methyldecanoic acid p-NPP ester, to yield a lipase mutant showing >90%
enantiomeric excess, as compared to the 2% of the wild-type lipase [192, 193].
Bacillus subtilis lipase developed to a catalyst of the asymmetric hydrolysis of
meso-1, 4-diacetoxy-2-cyclopentene, with the formation of chiral alcohols [194].
Homologous lipases from Candida antarctica, Hyphozyma sp., Cryptococcus
tsukubaensis become more stable and active toward 3-(3',4'-dichlorophenyl)
glutarate [195–197]. Increased phospholipase activity was achieved through di-
rected evolution in the cases of Staphylococcus aureus [198] and Bacillus
thermocatenulatus lipases [199].
Metagenome approach for efficient lipase mediated catalysis
On average, the vast majority of microbes present in a single environmental
niche are not culturable and less than 1% of them has ever been identified in the
laboratory [200]. An alternative approach is to make use of the genetic diversity of
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the microorganisms in a certain environment (the so-called “metagenome”) to de-
tect new or improved genes and gene products for biotechnological purposes
[201]. Environmental DNA libraries were prepared from three different soil sam-
ples for genes conferring lipolytic activity on E. coli clones and identified four
clones harboring hyper-lipase activities [201].
A PCR method suitable for the isolation of lipase genes directly from envi-
ronmental DNA, using primers designed on the basis of lipase consensus se-
quences has been described [202]. Thus, today there is an ample need to develop
production and downstream-processing systems that are cost-effective, simple
and not time-consuming. The growing demand for lipases has shifted the trend to-
wards prospecting for novel lipases, improving the properties of existing lipases
for established technical applications and producing new enzymes tailored for en-
tirely new areas of application. The number of novel microbial lipases being
cloned and biochemically characterized is currently on the rise.
Current status of esters production using lipases
Esters have important industrial uses as well as biological and medical
uses. Biocompatibility, biodegradability, and environmental acceptability of bio-
technically produced polyesters are desired properties in agricultural and medical
applications [203]. Many pharmaceutical companies are currently using microbial
lipases worldwide for the preparation of optically active intermediates on a kilo-
gram scale [5]. Sucrose esters are the most developed carbohydrate esters among
carbohydrate fatty acid esters being produced at a rate of about 4000 Tm/year
[204]. The fatty acid esters of sorbitol are the second largest class of carboxylic
acid esters among fatty acid esters of sugars and sugar alcohols employed as
surfactants [6].
Limited studies have been made on large-scale synthesis of esters through
lipase catalysis synthesis in organic solvents [205, 206]. These studies would be
helpful in potential commercialization of the enzymatic esterification processes.
Scaled-up lipase-catalyzed synthesis of (Z)-3-hexen-1-yl acetate in hexane from
laboratory scale (3–5 g) to pilot scale (1–5 kg) was reported [206]. A similar study
for synthesis of ethyl stearate was also reported [205]. Investigation in large-scale
production for oleyl oleate, a liquid wax ester was performed in batch mode of
stirred tank reactor (STR) with a multi-bladed impeller [34].
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Conclusions
Lipase catalysis in nonaqueous media significantly extends conventional
aqueous-based biocatalysis. However, stability of lipase in organic media, its opti-
mal solubilization in organic solvents, enhanced stability and control of water ac-
tivity during bioconversion are the important parameters that govern the activity
and performance of lipases in organic media. The phenomenal exponential in-
crease in the use of lipases in biotechnology in comparison to other hydrolytic en-
zymes indicates the growing demand for and applications of lipase, especially in
making fine chemicals. This review reported on the recent developments in the
properties and applications of lipase catalysis in non-aqueous media. Recent ex-
amples of relevant applications are discussed that highlighted both the controlling
variables of lipase catalysis in non-aqueous media as well as the potential of new
technologies in biocatalysis.
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Table I
Applications of esters synthesis by lipases in Biotechnology Industry
Ester type Applications References
Carbohydrates fatty acid esters Antimicrobial, antitumorals, cosmetics, [18–22]
anticaries properties and insecticidals
Fatty acid esters of hydroxyl acids Surfactants in food industry and cosmetics [17, 23, 24]
(lactic acid, citric acid, alkyl lactates)
Flavonoid esters, a group of polyphenolic Broader applications like dietetic, nutritional, [14, 25–29]
compounds, found ubiquitously in fruits antioxidants, cosmetic and pharmacological
and vegetables
Amino acyl esters of carbohydrates Sweetening agents, surfactants, microcapsules [30–32]
in pharmaceutical preparations, active
nucleoside amino acid esters, antibiotics and
in the delivery of biologically active agents
Esters of long-chain acids with Plasticizers and lubricants [1, 13, 33,
long-chain alcohols (12–20 carbon atoms) 34]
Esters of long chain fatty acids Fuel (biodiesel) and waxes (oleo-chemical [1, 5,
industries) 34–36]
Fatty acid esters of sugars/sugar alcohol Surfactants/emulsifiers used in food, [22, 37]
detergent, cosmetic and pharmaceutical
industries
Medically important esters viz. ferulates, Absorb the harmful ultraviolet light and [38–43]
ascorbyl palmitate, estrogen palmitate, are active ingredients in many sunscreens
estrogen myristate, estrogen oleate, for anti-aging and anti-wrinkling,
inositol hexanicinate, vitamin E acetate, cholesterol lowering agents and inhibition
Canola phytosterols oleate and L-Ascorbyl of cancer
linoleate
Fragrance esters viz butyl butyrate Artificial flavorings and fragrances [1, 44, 45]
(pineapple), ethyl cinnamate (cinnamon),
ethyl isovalerate (apple), ethyl lactate
(butter, cream), geranyl acetate (geranium),
geranyl butyrate (cherry), isopropyl acetate
(fruity), methyl butyrate (pineapple, apple),
methyl salicylate (root beer, wintergreen,
Germolene™ and Ralgex™ ointments (UK)
Biodegradable polyesters like 1-butyl Lubricants, applications in automobiles and [46]
oleate, trimethylolpropane petrochemical industry
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Table II
Various solvent systems used in ester synthesis in lipase catalysis reaction
Solvent media Salient features
Nonaqueous reaction media (water is not more Extremely reliable, versatile, simple, and easy to use.
than the absorptive capacity of the reaction Water-immiscible solvents retain enzyme activity
medium) because they do not strip-off water from enzyme.
Anhydrous reaction media (water content is Use of lipase in anhydrous media has been limited.
< 0.01% i.e., near the sensitivity limit of the
classical Karl-Fischer method)
Supercritical fluids (supercritical solvents like Rapid mass transfer due to low viscosity,
carbon dioxide used by compressing them at non-toxicity, non-flammability and simple down-
their critical temperatures) stream processingby evaporation. Disadvantages
include considerable initial investment for
high-pressure equipment and enzyme
deactivation due to depressurization step.
Reverse micellar systems (enzymes entrapped Thermodynamicaly stable, optically transparent and
in hydrated reverse micelles of surfactants in retention of lipolytic activity due to presence of
organic solvents) interface.
Solvent-free systems (no use of organic solvent, Facilitates downstream processing since fewer
particularly to the synthesis of food-grade flavors components would be present at the end of the
and additives) reaction thus minimizing the production cost. Also
permits the use of high substrate concentrations.
Problems arise when both substrates are solids and
also when mass transfer limitations are associated
due to the high viscosity of the substrates.
Ionic liquid or molten salts (composed entirely Simple, inexpensive to manufacture and easy to
of ions) recycle.
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Table III
Lipase(s) immobilization on different support and their application(s)
Support Direct enzymatic application Reference(s)
Silica A suitable cheap method for immobilizing [43, 114]
lipase
Celite Improvement of lipase immobilization by [115]
adding salts
Amberlite Synthesis of citronellyl laurate ester [116]
Natural kaolin Studies on effective esterification [117]
CaCO3 1-Butyl oleate synthesis [118]
Nylon Esterification of fatty acids [119]
Chrysotile Catalytic activity of immobilized lipases [120]
Poly (AAc-co-HPMA-cl-EGDMA), Synthesis of methyl esters and various ethyl [121–126]
Poly (AAc-co-HPMA-cl-MBAm), esters synthesis
Poly (MAc-co-DMA-cl-MBAm)
Poly (PVA-alginate-boric acid) Esterification studies [127]
Poly (methyl acrylate-methyl Studies on enhanced catalytic stability [128]
methacrylate-divinyl benzene)
Poly (aniline)-poly (acrylate) (PANi–PAA) Biosensor development and biochemical fuel [129]
or poly (aniline)-poly (vinyl sulphonate) cell
Poly (N-vinyl-2-pyrrolidone-co-styrene) Enantioselective esterification of (R, S)-2- [111]
(4-chlorophenoxy)-propanoic acid with
n-tetradecanol
Poly (N-vinyl-2-pyrrolidone-co-styrene) Butyl oleate [110]
Tentagel (R) (polymer) Olefin metathesis [130]
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Figure 1. Mechanism of lipase-catalyzed esterification. (1) Binding of substrate, activation of nucleophilic
serine residue by neighboring histidine and nucleophilic attack of the substrate’s carbonyl carbon atom by
Ser. (2) Transient tetrahedral intermediate that loses a water molecule to give an acyl enzyme complex. (3)
An alcohol molecule attacks the acyl enzyme complex (nucleophilic attack) to give (4) another tetrahedral
intermediate that releases an ester molecule to convert the lipase to its native form
